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ABSTRACT The growing pollution of the environment with plastic debris is a
global threat which urgently requires biotechnological solutions. Enzymatic recy-
cling not only prevents pollution but also would allow recovery of valuable
building blocks. Therefore, we explored the existence of microbial polyesterases
in microbial communities associated with the Sphagnum magellanicum moss, a
key species within unexploited bog ecosystems. This resulted in the identifica-
tion of six novel esterases, which were isolated, cloned, and heterologously ex-
pressed in Escherichia coli. The esterases were found to hydrolyze the copolyes-
ter poly(butylene adipate-co-butylene terephthalate) (PBAT) and the oligomeric
model substrate bis[4-(benzoyloxy)butyl] terephthalate (BaBTaBBa). Two promis-
ing polyesterase candidates, EstB3 and EstC7, which clustered in family VIII of
bacterial lipolytic enzymes, were purified and characterized using the soluble es-
terase substrate p-nitrophenyl butyrate (Km values of 46.5 and 3.4 �M, tempera-
ture optima of 48°C and 50°C, and pH optima of 7.0 and 8.5, respectively). In
particular, EstC7 showed outstanding activity and a strong preference for hydro-
lysis of the aromatic ester bond in PBAT. Our study highlights the potential of
plant-associated microbiomes from extreme natural ecosystems as a source for
novel hydrolytic enzymes hydrolyzing polymeric compounds.

IMPORTANCE In this study, we describe the discovery and analysis of new en-
zymes from microbial communities associated with plants (moss). The recovered
enzymes show the ability to hydrolyze not only common esterase substrates but
also the synthetic polyester poly(butylene adipate-co-butylene terephthalate),
which is a common material employed in biodegradable plastics. The widespread
use of such synthetic polyesters in industry and society requires the develop-
ment of new sustainable technological solutions for their recycling. The discov-
ered enzymes have the potential to be used as catalysts for selective recovery of
valuable building blocks from this material.

KEYWORDS enzyme discovery, esterases, functional metagenomics, plant-associated
microbiomes, polymer hydrolysis

Different types of natural aliphatic polyesters can be found in nature, such as
poly-3-hydroxybutyrate and other polyhydroxyalkanoates produced by bacteria

(1) and cutin, a main component of the cuticle in higher plants (2). In addition to these
natural polyesters, several types of synthetic polyesters, mainly aliphatic polyesters and
aliphatic-aromatic copolyesters, have been developed in the past century (3). Some
synthetic polyesters have characteristics and chemical structures that allow good
biodegradability; however, the most popular and widespread polyesters, namely, poly-
ethylene terephthalate (PET) and polybutylene terephthalate (PBT), exhibit rather re-
stricted biodegradability and were long considered to be resistant to microbial attack
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(4). The increasing pollution of nature with microplastic debris is a global threat and a
key challenge for future generations (5, 6). Biodegradation of polyesters is a heteroge-
neous process consisting of initial depolymerization to water-soluble intermediates by
extracellular enzymes and subsequent assimilation of intermediates into metabolic
pathways to achieve final degradation (4). The initial depolymerization is considered
the limiting biodegradation step (4). Systematic studies by Marten et al. revealed that
the mobility of the polymer chains is the key factor affecting the biodegradability of
aliphatic and aromatic polyesters (7, 8). By combining aliphatic and aromatic monomers
in the synthesis of copolyesters, it is possible to achieve greater biodegradability while
keeping the material properties acceptable (8). The copolyester poly(butylene adipate-
co-butylene terephthalate) (PBAT), for instance, belongs to this category. PBAT is
synthetized on an industrial scale by several companies, through polycondensation of
the aliphatic monomers adipic acid (Ada) and 1,4-butanediol (B) and the aromatic
monomer terephthalic acid (Ta) (9). PBAT can also be used as a component of polymer
blends with, for example, poly(lactic acid) (PLA) (10).

The ever-growing use of plastic-based materials strengthens the need to investigate
not only biodegradable polyesters but also microorganisms and whole microbiomes for
new enzymes. Novel biocatalysts capable of hydrolyzing polyesters could allow recy-
cling of valuable building blocks. Microbial enzymes from various sources (e.g., com-
post) that can degrade or modify natural and synthetic polyesters have been studied
previously (11, 12). Esterases and lipases not only are prevalent in most natural
ecosystems and microorganisms but also are some of the most widely used biocatalysts
in the chemical industry (13). According to the family classification system defined first
by Arpigny and Jaeger (14), bacterial esterases and lipases can be grouped into lipolytic
enzyme families I to VIII. This classification system was later extended up to family XIV
(15). Several hydrolases with polyester-degrading capabilities have been isolated from
bacteria belonging to the phyla Actinobacteria (e.g., Thermobifida spp. and Saccha-
romonospora viridis), Proteobacteria (Pseudomonas mendocina), and Firmicutes (e.g.,
Bacillus subtilis and Clostridium spp.) and from fungi (e.g., Fusarium solani, Humicola
insolens, Aspergillus oryzae, and Rhizopus spp.) (6, 11, 16–21). While searching for new
microorganisms, Yoshida et al. recently discovered the novel bacterium Ideonella
sakaiensis, which contains two PET hydrolases and is capable of utilizing PET as an
energy and carbon source (22). It was demonstrated that metagenomes are also
promising sources for novel enzymes (23). However, there are only seven examples of
polyester-hydrolyzing enzymes from metagenomic sources, including the LC-cutinase
from a leaf-branch compost metagenomic library, which is capable of hydrolyzing not
only cutin but also PET (24), the PLA depolymerase PlaM4, which is also from a compost
metagenome (25), and five esterases from marine metagenomic libraries with hydro-
lytic activities toward several polyester substrates, including PLA (26). The potential of
plant-associated metagenomes as a source of novel enzymatic activities has been less
well explored (27).

The objective of our study was to explore the Sphagnum bog metagenome for
identification of novel enzymatic activities. Sphagnum magellanicum is the dominant
species in bog ecosystems. It has been shown that the Sphagnum microbiome supports
the host in terms of metabolism, growth, and health (28), as well as ecosystem
functioning under extreme conditions (29–31). In contrast to the reported low enzy-
matic activities in the anaerobic areas of bogs (32, 33), analysis of the Sphagnum moss
metagenome revealed very high levels of taxonomic and functional diversity (31). The
influence of specialized microorganisms, harboring novel enzymes, on ecosystem
functioning was also reported for peatland soils (34). The cell wall components of
Sphagnum leaves contain polysaccharides similar to those found in higher plants,
possibly cellulose, mannans, xylans (35), pectin-like polysaccharides, xyloglucans, and
uronic acid (36). Moreover, extracts of different moss species, including Sphagnum
magellanicum, also contain high concentrations of secondary metabolites such as
sterols, polyphenols, and terpenoids (37). Based on the tight interactions and functional
diversity of the Sphagnum moss microbiome, we expected significant abundance and
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high levels of diversity of hydrolases that play essential roles in plant metabolism,
especially in regard to degradation and/or assimilation of plant polysaccharides, poly-
mers, and secondary metabolites, while exhibiting hydrolytic activities toward synthetic
polymers.

RESULTS AND DISCUSSION
Screening for esterases in the Sphagnum moss metagenome. In order to

identify enzymes for hydrolysis of aromatic-aliphatic polyesters, we investigated the
microbiome associated with the moss Sphagnum magellanicum as a source for
esterases. Our screening strategy consisted of three steps (Fig. 1), allowing identi-
fication of clones displaying not only esterase activity but also, in particular,
polyester-hydrolyzing activity.

The initial high-throughput screening of around 90,000 fosmid clones from the moss
metagenome library resulted in identification of 83 clones showing hydrolytic activity
(halo formation) on tributyrin agar plates (Fig. 1A and data not shown). During the
second screening step, the 83 identified clones were evaluated for hydrolytic activity
toward p-nitrophenyl butyrate (pNPB) by using cell-free lysates (see Table S2 in the
supplemental material). The 11 most active clones were selected for a third screening
step using two different synthetic copolyesters. In addition, cell-free lysates were tested
for the presence of hydrolases by labeling active serine hydrolases in the samples with
a fluorogenic probe prior to SDS-PAGE analysis (Fig. S1); this allowed detection of
distinct and significantly intense hydrolase bands in the analyzed clones with molecular
masses of 30 to 50 kDa, providing evidence for the presence of putative esterases.
Finally, six nonredundant clones (clones B3, B11, C5, C7, C9, and G4) showed significant
hydrolytic activity with the aliphatic-aromatic copolyester PBAT (ecoflex; BASF) and the
oligomeric low-molecular-weight PBAT model substrate bis[4-(benzoyloxy)butyl] te-
rephthalate (BaBTaBBa), compared to the control reaction (library host carrying the
empty vector) (Fig. S2).

Identification and classification of metagenome esterases. Subcloning of the 6
fosmid clones with polyester-hydrolyzing activities was performed to gain shorter DNA
fragments for sequencing (Fig. 1B). The sequencing results allowed identification of
open reading frames (ORFs) coding for putative esterases. The esterases coded by the
six individual ORFs were termed EstB3, EstB11, EstC5, EstC7, EstC9, and EstG4. Table 1
shows characteristic properties of the six esterase coding sequences.

Gene lengths ranged between 888 and 1,227 bp, showing rather high GC contents
of 62.2 to 65.1%, with the exception of EstG4 (40.3%). Possible N-terminal signal
peptides were predicted for the ORFs of EstC5 and EstG4 using SignalP 4.1 software
(38). Sequence similarities among the six esterases were estimated by alignment and

FIG 1 Schematic presentation of the screening process for metagenome-derived clones showing polyester-hydrolyzing
activity and retrieval of sequences. (A) Three screening steps for identification of fosmid clones containing the target
hydrolytic activity, as follows: first step, tributyrin agar plates; second step, pNPB assay in 96-well plates; third step, HPLC
analysis of PBAT and BaBTaBBa reaction products. Positively identified clones harbor the library vector pCC2FOS containing
the metagenome insert DNA with the targeted hydrolase gene (marked with a star). (B) Subcloning of shorter insert DNA
fragments after digestion with restriction enzymes (EcoRI and HindIII or BamHI). Subclones displaying the same hydrolytic
activity were sequenced for identification of the hydrolase ORF.
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pairwise comparison of amino acid sequences. EstB11 and EstC7 had the greatest
sequence identity (69.8%), followed by lower levels of identity between EstB3 and EstC7
(29.9%), EstB3 and EstB11 (27.5%), and EstC5 and EstC9 (24.7%). All other sequence
pairs demonstrated levels of identity below 14.4%.

Phylogenetic analysis of the ORF sequences revealed amino acid sequence homol-
ogy with annotated esterases from the GenBank protein database of 37 to 63% (Table
1). Multiple sequence alignments of the six metagenome esterases and reference
sequences belonging to all 14 known lipolytic families revealed the presence of
conserved esterase motifs (Fig. S3). Based on phylogenetic analysis, the metagenome
esterases could be classified into three previously reported families (see the phyloge-
netic tree in Fig. S4).

EstB3, EstB11, and EstC7 clustered into family VIII of carboxylesterases, which share
sequence identity with class C �-lactamases and penicillin-binding proteins (14). They
harbor an active site serine residue in the consensus sequence SMTK (SXXK motif), with
a catalytic triad of Ser-Lys-Tyr, comparable to the other enzymes in this family and
especially the recently reported crystal structure of EstU1 (PDB accession no. 4IVK) (39).
Promiscuous �-lactamase activity has been demonstrated for some members of this
family, such as the metagenome-derived carboxylesterases EstU1 (40) and Est22 (41),
with first-generation cephalosporin-based derivatives. EstG4 clustered in family II of
lipolytic enzymes, which show the conserved motif GDSL containing the active site
serine. In this family, the catalytic triad is the classic Ser-Asp-His sequence found in
�/�-hydrolases (42). EstC5 and EstC9 showed similarities to enzymes grouped into
family IV, which contains hormone-sensitive lipase (HSL)-like esterases that display the
conserved pentapeptide motif GXSXG, containing the active site serine (43). EstC5
shows the typical triad Ser-Asp-His, while EstC9 may utilize glutamic acid (Ser-Glu-His)
instead of aspartic acid. To compare the affiliations of the metagenome esterases with
those of previously characterized polyesterases with documented activity toward
PBAT, the following enzymes were included in the phylogenetic analysis: esterases
Cbotu_EstA, Cbotu_EstB (Clostridium botulinum) (20), and Chath_Est1 (Clostridium
hathewayi) (21), lipase Pfl1 (Pelosinus fermentans) (44), and cutinases Cut190 (Saccha-
romonosporas viridis) (19) and Thc_Cut1 (Thermobifida cellulosilytica) (45). These six
known PBAT hydrolases share the same catalytic triad Ser-Asp-His (or Ser-Glu-His, in the
case of Chath_Est1). Cbotu_EstA, Cbotu_EstB (conserved motif GHSMGG), and Pfl1
(AHSMG) do not directly cluster with any of the 14 reported lipolytic enzyme families
and seem to represent a new cluster of lipolytic enzymes in close proximity to families
I, V, and IX. In contrast, the esterase Chath_Est1 (GQSGG) clusters in family VII and the

TABLE 1 Properties of identified ORFs and protein coding sequences (wild type) for six novel metagenome esterases

ORF
Length
(bp)

GC content
(%)

Protein sequence

Size
(amino
acids)

Estimated
molecular
mass (kDa)

Predicted
isoelectric
point

Predicted
signal peptidea

Maximal amino acid sequence identity
(GenBank accession no.)b

EstB3 1,227 64.9 408 44.54 6.28 No 63% vs serine hydrolase from Tardiphaga sp.
Vaf07 (WP_068735481)

EstB11 1,152 62.2 383 40.31 5.33 No 55% vs 1,4-butanediol diacrylate esterase
from Thermorudis peleae (WP_038038941)

EstC5 918 63.9 305 32.76 6.50 N-terminal (�34
amino acids)

61% vs esterase/lipase from Caulobacter
vibrioides (WP_004617716)

EstC7 1,155 63.6 383 40.20 5.43 No 53% vs 1,4-butanediol diacrylate esterase
from Thermorudis peleae (WP_038038941)

EstC9 888 65.1 295 30.82 7.78 No 56% vs �/�-hydrolase from Acidocella sp.
MX-AZ02 (WP_008494015)

EstG4 960 40.3 319 35.80 5.61 N-terminal (�19
amino acids)

37% vs hypothetical protein
ACD_45C00716G0002 from uncultured
bacterium (EKD72285)

aSignal peptide prediction was performed with SignalP 4.1, with a cutoff value for discrimination scores of 0.500.
bBLASTP analysis against the GenBank database of full-length nonredundant protein sequences (23 August 2016 version) yielded the maximal identity to the closest
annotated hit.
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cutinases Cut190 and Thc_Cut1 (GXSMG) in family III. The phylogenetic analysis indi-
cated that the previously reported PBAT-degrading enzymes are not affiliated with the
same lipolytic families as the esterases discovered in this study. Therefore, the observed
polyesterase activities do not seem to be strictly dependent on sequence similarity.

Substrate profiles and thermostability of cloned esterases. The six metagenome
esterase genes were cloned into E. coli BL21(DE3) or Lemo21(DE3) using the inducible
vector pET28a(�). Heterologous expression of soluble enzymes was confirmed by
SDS-PAGE analysis and visualization using a fluorogenic serine hydrolase label (Fig. S5).
Substrate specificity profiles of the cloned esterases were measured using cell-free
lysates and p-nitrophenyl (pNP) aliphatic esters of different chain lengths (Fig. 2A). To
enable comparison of the substrate profiles despite strong differences in the expression
levels of the esterases in the cell-free lysates, volumetric activities were calculated as
percentages of the activity measured with the commonly employed reference substrate
pNPB. In the cases of EstB3 and EstC7, substrate profiles were also recorded with
purified enzyme (Fig. 2B).

All six esterases showed strong preferences for substrates with short (C2 to C4) or
medium (C6 to C10) chain lengths. The smallest substrate (pNP acetate [C2]) was
accepted by all esterases, while the largest tested substrate (pNP palmitate [C16]) was
converted only by EstB11, EstC5, EstC7, and EstG4. The esterases EstB3, EstC5, EstC7,
and EstG4 showed their highest hydrolysis rates with pNP hexanoate (C6), while EstB11
was more active with pNP decanoate (C10) and EstC9 preferentially hydrolyzed pNPB
(C4). The substrate profiles were corroborated for EstB3 and EStC7 using purified
enzymes. Based on the substrate profiles, it can be concluded that the identified
enzymes displayed esterase character, belonging to the group of true esterases. The six
moss metagenome esterases presented here showed clear differences in their substrate
profiles. The majority of metagenome-derived esterases discovered to date also show
preferences for short-chain to medium-chain p-nitrophenyl aliphatic esters (46).

The thermostability of the esterases in the cell-free lysates was evaluated for a
period of at least 96 h. The stability was measured as residual activity at 30°C and 50°C
using the pNPB assay (Fig. S6). During incubation for 96 h at 30°C, no significant loss of
hydrolytic activity was observed for the six esterases. At 50°C, the esterases in lysates
B3, B11, C5, C7, and C9 were quickly inactivated. In contrast to the other esterases,
esterase G4 showed a high level of stability at 50°C during a prolonged incubation of
96 h, without a decrease in residual activity. Control samples (cell-free lysates of E. coli
carrying the empty vector) did not show any significant activity. Due to the excellent
stability of all six esterases at 30°C for 72 h, the hydrolysis experiments with PBAT were
performed at this temperature.

Activity with the polyester PBAT. In addition to the activities determined with the
common soluble ester substrates, the hydrolysis of the polyester PBAT and the more

FIG 2 Substrate profiles of metagenome esterases, as either cell-free lysates (A) or purified enzymes (B),
using pNP aliphatic esters with various chain lengths. The pNP aliphatic esters were pNP acetate (C2),
pNPB (C4), pNP hexanoate (C6), pNP octanoate (C8), pNP decanoate (C10), pNP dodecanoate (C12), and pNP
palmitate (C16). Bars, mean values of at least 2 measurements; error bars, standard deviations.
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persistent polyester PET was investigated. Our goal was to evaluate the potential of
each metagenome esterase for polyester degradation and to select the best degraders
for further study. The polyester cleavage pattern depends on each enzyme’s specificity
and its ability to accommodate the less-flexible, high-molecular-weight aliphatic-
aromatic copolyester chain in the enzyme’s active site (8). Enzymatic hydrolysis of PBAT
(Fig. 3) leads to the release of the possible hydrolytic products Ada, bis(4-hydroxybutyl)
terephthalate (BTaB), and B, resulting from hydrolysis of the aliphatic ester bonds, as
well as mono(4-hydroxybutyl) terephthalate (BTa) and Ta, resulting from hydrolysis of
the aromatic ester bonds.

The polyester was applied to the reactions in two different forms, i.e., either as
milled powder (Fig. 4A) or as a piece of polyester foil (Fig. 4B). Product quantification
by means of reverse-phase high-performance liquid chromatography (RP-HPLC) with
UV-visible (UV-Vis) detection focused on detection of the most important products from
hydrolytic cleavage of the aromatic ester bond, namely, Ta and the Ta-containing
oligomers BTa and BTaB.

Generally, higher concentrations of Ta versus BTaB and BTa indicate more efficient
enzymatic hydrolysis of the aromatic ester bond, i.e., the Ta-B bond (12). The highest
concentrations of released Ta (up to 35 �M) were measured with milled PBAT and
EstB3, EstB11, and EstC7 (Fig. 4A). In contrast, EstC5 and EstC9 showed minor accumu-
lation of BTa and BTaB with both substrate forms but poor or no release of Ta.
Moreover, the hydrolytic activity of EstG4 toward PBAT was negligible in both cases. To

FIG 3 Chemical structure (A) and enzymatic hydrolysis (B) of the aliphatic-aromatic copolyester PBAT.
PBAT contains an adipic acid/terephthalic acid ratio of approximately 50:50. Possible hydrolysis products
are BTaB, BTa, B, Ada, and Ta.

FIG 4 Hydrolysis of PBAT by cell-free lysates from strains containing heterologous expressed esterases
from the Sphagnum moss metagenome. Reactions with milled PBAT (A) and PBAT foil (B) were performed
as described in Materials and Methods (2-ml reaction mixtures at pH 7.5, with incubation at 30°C and 100
rpm for 72 h). The hydrolytic products Ta, BTa, and BTaB were quantified by HPLC/UV-Vis analysis. Values
for hydrolysis products released during control and blank reactions were subtracted in order to exclude
the influence of hydrolytic enzymes from the E. coli host. Bars, mean values (n � 3); error bars, standard
deviations.
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exclude the influence of hydrolytic activities of other enzymes present in the cell-free
lysates, values for control and blank reactions were subtracted from those for the
measured samples; however, it was not possible to exclude synergistic effects of the
heterologous expressed esterases and the native enzymatic activity of E. coli during
hydrolysis of the polyester.

Esterases displaying higher concentrations of released Ta are of special interest,
since the enzymatic cleavage of aromatic ester bonds in a polyester chain is more
difficult to achieve than the cleavage of aliphatic ester bonds, due to lower chain
mobility and melting temperatures (3, 7, 8). Released Ta concentrations were nearly
4-fold higher after incubation of the same enzymes with PBAT applied as milled
particles, in contrast to PBAT foil (Fig. 4B). The higher activity levels with milled and
resuspended PBAT particles is not surprising, since the particles offer greater surface
area for enzyme attachment and consequently greater amounts of exposed substrate
chains for catalytic attack than does the PBAT foil. Unfortunately, no significant
amounts of hydrolysis products could be measured for the reaction mixtures contain-
ing PET foil. Interestingly, the three esterases (EstB3, EstB11, and EstC7) that exhibited
high levels of activity with PBAT belong to the same family of lipolytic enzymes, i.e.,
family VIII, which has a different catalytic triad (Ser-Lys-Tyr), compared to the classic
Ser-Asp/Glu-His triad found in the previously characterized PBAT hydrolases Thc_Cut1,
Cbotu_A, Cbotu_B, Pfl1, Cut190, and Chath_Est1 (19–21, 44, 45). In summary, the
esterases EstB3, EstB11, and EstC7 showed higher levels of activity in polyester hydro-
lysis than did EstC5, EstC9, and EstG4 and therefore are the most promising candidates
for further study.

Kinetic characterization of purified EstB3 and EstC7. The esterases EstB3, EstB11,
and EstC7 showed significant hydrolytic activity with PBAT during prescreening exper-
iments. For that reason, these enzymes were selected for purification by affinity
chromatography with Ni-Sepharose columns, using the N-terminal His-tagged proteins.
Purification of EstB3 and EstC7 was achieved with purities of �98%, as estimated by
SDS-PAGE analysis (Fig. S7). Unfortunately, His tag purification of EstB11 was not
successful under several conditions. Therefore, this study focused on characterization of
purified EstB3 and EstC7, in terms of kinetic parameters and hydrolysis of the PBAT
polyester.

The kinetic data for EstC7 were fitted according to the Michaelis-Menten equation,
resulting in a Vmax of 70.6 U mg�1 and a Km of 3.43 �M. The best fitting of the EstB3
kinetic parameters was achieved by using the Hill equation instead of the Michaelis-
Menten equation, and nH was estimated to be 0.687. Vmax and Km values for EstB3 were
340.8 U mg�1 and 46.45 �M, respectively. The Km values determined for EstB3 and
EstC7 were very low, suggesting high affinity for pNPB as a substrate. For comparison,
Km values for other family VIII carboxylesterases from metagenome sources, such as
those for EstC (58.7 �M) (47) and EstU1 (6.0 �M) (40), are in a similar range. The recently
described esterase Cbotu_EstA, which is also capable of hydrolyzing PBAT, has a Vmax

value similar to that of EstC7 (Cbotu_EstA Vmax � 83.4 U mg�1); however, the Km value
for Cbotu_EstA is 3 orders of magnitude higher (1.95 mM) (20). Lower Km values for
pNPB were reported for the eukaryotic liver carboxylesterases from sheep (Ovis aries)
(0.43 �M), chicken (Gallus gallus) (0.55 �M), and horse (Equus caballus) (1.1 �M) (48).

The temperature and pH profiles of EstB3 and EstC7 were determined as well (Fig.
5). For the temperature profiles, the standard pNPB assay was used. Determination of
pH profiles with the chromogenic substrate pNPB was not feasible at pH values higher
than 9.0, due to rapid base-catalyzed autohydrolysis of the substrate. The fluorogenic
substrate 4-methylumbelliferyl butyrate (4-MUB) showed less susceptibility to autohy-
drolysis at pH values of �9.0 and therefore was employed for the measurements.

The optimal temperatures for enzyme-catalyzed hydrolysis were determined to be
around 47.7°C for EstB3 and 50°C for EstC7 (Fig. 5A). EstB3 showed a broader optimal
pH range between 6.0 and 8.0, with a maximum at pH 7.0, whereas EstC7 had a narrow
optimal pH range, with a maximum at pH 8.5 (Fig. 5B).
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Polyesterase activity of EstB3 and EstC7 with PBAT (milled and foil). The
polyesterase activity was measured by employing purified esterases EstB3 and EstC7
(Fig. 6). Hydrolytic activities were normalized to the applied esterase concentration (0.6
�M).

The polyesterase activities of purified EstB3 and EstC7 with both milled PBAT (Fig.
6A) and PBAT foil (Fig. 6B) showed distinct hydrolysis patterns. After incubation with
both enzymes and substrate forms, Ta and BTa were determined to be the main
hydrolysis products. No BTaB was observed; however, accumulation of BTa was prom-
inent for EstB3 with milled PBAT, with a 6-fold higher concentration of BTa (60.4 �M
[101 mol mol of enzyme�1]) versus Ta (8.0 �M [17 mol mol of enzyme�1]). The total
concentration of quantified products in the EstB3 reaction was higher with the milled
substrate than with the substrate foil. In contrast, the total concentrations of quantified
monomeric subunits for EstC7 were equal with the two substrate forms (318 �M [530
mol mole enzyme�1]). Total concentrations of quantified products were higher in the
reactions with purified esterases than in the reactions with cell-free lysates (Fig. 4),
probably due to greater catalyst loads. An unexpected finding was the change in the
product profiles for the reactions with purified EstB3 and EstC7, compared to the
reactions with the respective cell-free lysates. The higher concentrations of hydrolysis
products measured with purified enzymes led to greater accumulation of BTa (Fig. 6).
A possible reason is inactivation of the esterase before BTa is hydrolyzed further to the
monomeric subunits (Ta and B). In addition, although control and blank reaction values
were subtracted in the cell-free lysate experiments, a synergistic effect between the
esterases and other cell lysate components, leading to a different distribution of
hydrolysis products and less accumulation of BTa with cell-free lysates, cannot be fully
excluded. Purified EstC7 yielded higher concentrations of Ta overall, especially with the

FIG 5 Temperature profiles (A) and pH profiles (B) of purified EstB3 and EstC7. Activities were measured
as described in Materials and Methods, using p-nitrophenyl butyrate for the temperature measurements
(at pH 7.5) and 4-methylumbelliferyl butyrate for pH measurements (at 30°C). Mean values of at least
three separate measurements are shown; error bars indicate the standard deviations. For reactions at
34.2, 47.7, and 61.5°C with EstC7 in panel A, single measurements were performed.

FIG 6 Hydrolysis of milled PBAT (A) and PBAT foil (B) by purified esterases EstB3 and EstC7. Reactions were
performed as described in Materials and Methods (2-ml reaction mixtures at pH 7.5 with 0.6 �M enzyme,
with incubation at 30°C and 150 rpm for 72 h). Hydrolysis products Ta, BTa, and BTaB were quantified by
HPLC/UV-Vis analysis. The sum of products (Ta, BTa, and BTaB) is also given. Bars, mean values (n � 3); error
bars, standard deviations.
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PBAT foil (191.1 �M [318.5 mol mol of enzyme�1]), indicating more efficient hydrolysis
to the monomeric subunits and more effective hydrolysis of the aromatic Ta-B ester
bond. Similar differences in hydrolytic cleavage patterns for aliphatic-aromatic polyes-
ters between enzymes were reported previously, for example, for the cutinases from
Humicola insolens (HiC) and Thermobifida cellulosilytica (Thc_Cut1). The cutinase Thc_
Cut1 shows greater specificity for the hydrolysis of aromatic ester bonds (Ta-B) than
does the cutinase HiC (12). Moreover, the polyesterase activities of the novel enzymes
EstB3 and EstC7 with milled PBAT were significantly higher than the activities of the
recently presented esterases from the anaerobic bacteria Clostridium hathewayi
(Chath_Est1) (21) and Clostridium botulinum (Cbotu_Est and Cbotu_EstB) (20).

Conclusion. The plant-associated microbiome of moss plantlets was successfully
investigated as a source of novel enzymes. To date, only a few examples reporting the
identification of enzymes in plant-associated microbiomes through functional metag-
enomics are available (27). Moreover, we demonstrate here the hydrolytic activities of
esterases obtained from a plant-associated microbiome with a synthetic copolyester.
EstB3 and EstC7 showed significant hydrolytic activities with the synthetic aliphatic-
aromatic copolyester PBAT. Since EstB3 and EstC7 belong to family VIII of carboxyles-
terases, polyesterase activity emerges as an unusual activity of this lipolytic enzyme
family. In particular, EstC7 showed a strong preference for cleavage of the aromatic
(Ta-B) ester bond, which is an attractive and challenging hydrolytic activity for degra-
dation or modification of polyester-based materials.

MATERIALS AND METHODS
Chemicals and reagents. Milled PBAT, with a melting point of 125.3°C, a glass transition tempera-

ture of �34°C, a molecular number average of 19,000 g mol�1, and a molecular weight average of 65,000
g mol�1, milled to a particle size of 100 to 300 �m as described elsewhere (12), and PBAT foil (ecoflex,
with a film thickness of 50 �m) were kindly provided by BASF SE. BaBTaBBa, with a particle size of 100
to 300 �m, BTaB, and BTa were synthesized and purified according to the methods described by Perz et
al. (49). Amorphous solvent-casted polyethylene terephthalate films (film thickness of 0.25 mm) were
purchased from Goodfellow (United Kingdom). The polymers used were of analytical grade, in order to
exclude any influences of additives. All other chemicals were of analytical grade and purchased from
Sigma-Aldrich (Germany), TCI Europe (Germany), Carl Roth (Germany), or Merck (Germany). DNA-
modifying enzymes were obtained from New England BioLabs (Germany) or Thermo Scientific (Germany)
and oligonucleotides from Sigma-Aldrich (Germany). Plasmid DNA was isolated using the GeneJet
plasmid miniprep kit (Thermo Scientific). The Wizard SV PCR cleanup kit (Promega, USA) was used for
purification and agarose gel extraction of PCR products.

Initial screening of the Sphagnum moss metagenome library. The microbiome of moss
(Sphagnum magellanicum) from a sampling site in the Alpine bog Pirker Waldhochmoor
(N46°37=38.66�, E14°26=5.66�) in Austria was employed for extraction of metagenomic DNA and
generation of a fosmid clone library using the CopyControl fosmid library production kit (Epicentre),
as described previously (50). Activity screening of the fosmid library in E. coli EPI300 pCC2FOS
(Epicentre) was performed on LB medium (pH 7.5) agar plates containing 1% (vol/vol) tributyrin
(emulsified using an Ultra Turrax homogenizer [IKA Werke, Germany]), 15 g liter�1 agar, 1.2 g liter�1

gum arabic, 1� fosmid autoinduction solution (Epicentre), and 12.5 �g ml�1 chloramphenicol. The
plates were incubated at 30°C for up to 7 days until a clear zone (halo) was detected around the
colonies. Positive clones were evaluated for esterase activity using cell-free lysates and the soluble
esterase substrate pNPB.

Preparation of cell-free lysates. Fosmid clones (E. coli EPI300) were cultured at 30°C at 120 rpm for
16 h in 50 ml LB medium containing 1� fosmid autoinduction solution (Epicentre, USA) and 12.5 �g
ml�1 chloramphenicol. Cells were harvested by centrifugation (2,900 � g at 4°C for 15 min). Cell pellets
from 50- or 400-ml cultures were resuspended in 6 or 40 ml, respectively, of 0.1 M Tris-HCl buffer (pH 7.5).
Cell-free lysates were prepared by sonication (twice for 1 min, at 45% amplitude) with a digital sonifier
(Branson, USA), followed by lysis in a FastPrep instrument (MP Biomedicals, USA) for 60 s at 6.0 m s�1,
using 20% (vol/vol) glass beads (0.1 to 0.25 mm; Retsch GmbH, Germany). Cell debris was removed by
centrifugation (16,000 � g at 4°C for 30 min), and lysates were filtered (0.45 �m; Roth, Germany) and
stored at 4°C until further use. For polyester degradation assays, lysates were shock-frozen in liquid
nitrogen and lyophilized for 48 h in a FreeZone 4.5 freeze dryer (Labconco, USA).

Subcloning, sequencing of fosmids, and cloning of esterases. A subclone library of each fosmid
was prepared by restriction of isolated plasmids with EcoRI and HindIII for B11, C5, C7, C9, and G4 or
BamHI for B3, followed by cleanup of restriction products, ligation into the same vector backbone used
for library construction (pCC2FOS), and transformation into the library strain E. coli EPI300 (Epicentre).
Clones were subjected again to activity screening on tributyrin agar plates, as described above. From
each subclone library, one colony displaying halo formation was selected for sequencing by primer
walking at LGC Genomics (Germany) or Microsynth (Switzerland). Primers used for the initial sequencing
are specified in Table S1 in the supplemental material. CLC Main Workbench software (Qiagen) was
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employed for sequence assembly, BLASTX analysis, and identification of ORFs. The esterase-coding genes
for EstB11, EstC5, EstC7, EstC9, and EstG4 were cloned into pET28a(�) (Novagen, USA) through restriction
cloning, while EstB3 was cloned with a ligase-independent method (phosphorothioate-based ligase-
independent gene cloning [PLICing]), as described elsewhere (51). A standard PCR mixture (50 �l)
contained 1� Phusion HF buffer, 1 U of Phusion DNA polymerase (New England BioLabs), 0.2 mM
deoxynucleoside triphosphates, 0.2 �M each primer, and 10 ng of plasmid DNA. The PCR primers
employed are listed in Table S1. Ligated/hybridized plasmids were transformed into chemically compe-
tent E. coli BL21(DE3) cells (Invitrogen, USA) and E. coli Lemo21(DE3) cells (New England BioLabs,
Germany).

Protein expression. The strains employed for expression of the six cloned esterases in pET28a(�)
were E. coli Lemo21(DE3) for EstB3, EstB11, EstC5, EstC9, and EstG4 and E. coli BL21(DE3) for EstC7. For
control reactions, E. coli strains BL21(DE3) and Lemo(DE3) containing the empty vector pET28a(�) were
cultivated under the same conditions. Flasks containing 400 ml of LB medium, 50 �g ml�1 kanamycin,
and 12.5 �g ml�1 chloramphenicol [for Lemo21(DE3) strains] were inoculated with 2% (vol/vol) of an
overnight culture and incubated at 37°C and 120 rpm until the respective optical density at 600 nm
(OD600) was obtained (OD600 of 0.6 for EstB3 and OD600 of 0.8 for the remaining strains). Protein
expression was induced by the addition of isopropyl-�-D-thiogalactopyranoside (IPTG) (1 mM for EstB11
and EstC5 and 0.4 mM for the remaining strains). Cultures containing EstB3, EstB11, EstC5, and EstC7
were incubated further at 25°C and 200 rpm, and those containing EstC9, EstG4, and the empty vector
controls were incubated at 30°C and 200 rpm. The optimal incubation time after induction was 4 h for
EstC7, EstC9, and EstG4, 5 h for EstB3, and 20 h for EstB11 and EstC5. Additionally, in the case of EstB3,
0.5 mM L-rhamnose was added upon induction and agitation was performed at 240 rpm. Cell-free lysates
for activity assays were prepared as indicated above.

Esterase activity assay with p-nitrophenyl butyrate. Hydrolytic activity was assayed spectropho-
tometrically at 410 nm and 30°C using a U-2001 spectrophotometer (Hitachi, Japan) or a Tecan M200
plate reader (Tecan, Switzerland). A typical reaction mixture contained 0.5 mM pNPB, 5% (vol/vol)
acetonitrile as cosolvent, and 50 �l of cell-free lysate (65 to 250 �g total protein) or 0.2 to 2.5 �g purified
enzyme, in a final volume of 1 ml (cuvette) or 200 �l (96-well plate) of 0.1 M Tris-HCl buffer (pH 7.5). The
reaction was initiated by the addition of enzyme or lysate. One unit was defined as the amount of activity
required for the release of 1 �mol of p-nitrophenol per minute. The initial hydrolysis rates (linear signal,
up to 20 s) were employed for activity determination. Concentrations of 3.12 to 100 �M p-nitrophenol
(extinction coefficient of 10.2 mM�1 cm�1) were used to generate a calibration curve.

Detection of active serine hydrolases by SDS-PAGE and fluorescence labeling. In order to
identify serine hydrolases in cell-free lysates and purified proteins, SDS-PAGE was performed according
to the method described by Laemmli (52). Protein samples were pretreated with the ActiveX
6-carboxytetramethylrhodamine fluorophosphonate (TAMRA-FP) serine hydrolase probe (Thermo Scien-
tific, USA), according to the manufacturer’s protocol, to label active serine hydrolases prior to SDS-PAGE
separation. After fluorescence imaging of the gel with a Cy3 filter to detect labeled serine hydrolases,
proteins were stained with Coomassie brilliant blue R-250. The PageRuler prestained protein ladder (10
to 170 kDa; Thermo Scientific, Germany) was used as a molecular mass marker.

Screening for polyester hydrolytic activity using PBAT, model substrate BaBTaBBa, and PET.
Cell-free lysates of nonredundant fosmid clones (clones B3, B11, C5, C7, C9, and G4) were evaluated for
their hydrolytic activities with milled PBAT and the oligomeric model substrate BaBTaBBa. Lyophilized
cell-free lysates (80 to 84 mg, from 50-ml cultures) were redissolved in 3.5 ml double-distilled water
(ddH2O) to obtain a 0.17 M Tris-HCl buffered solution (pH 7.5). Esterase activity of the samples was first
confirmed with the pNPB assay. Rehydrated lysates (1 ml; 23 to 24 g liter�1) were incubated for 72 h at
30°C and 100 rpm with 10 mg milled PBAT, 7 mg BaBTaBBa, or PET foil (0.5 by 1 cm), followed by
RP-HPLC/UV-Vis analysis. Prior to incubation, PET foils were washed as described previously (45).

Substrate specificity for p-nitrophenyl aliphatic esters. Esterase activity toward p-nitrophenyl
aliphatic esters with different chain lengths was determined according to the standard ester-hydrolyzing
activity assay described for pNPB, using a U-2001 spectrophotometer (Hitachi). Hydrolytic activity was
measured using the following pNP esters: pNP acetate (pNPC2), pNPB (pNPC4), pNP hexanoate (pNPC6),
pNP octanoate (pNPC8), pNP decanoate (pNPC10), pNP dodecanoate (pNPC12), and pNP palmitate
(pNPC16). To enable comparison of the substrate profiles using cell-free lysates, independent of different
expression levels in each lysate, volumetric activities (units per liter) were calculated as percentages of
the activity with the reference substrate pNPB. For purified enzymes (EstB3 and EstC7), the hydrolytic
activity was calculated as units per milligram of enzyme. To increase the solubility of the long-chain and
less-soluble substrates and to provide equal conditions for all reactions, 1% (vol/vol) Triton X-100 was
added to the reaction buffer. The reactions in 0.1 M Tris-HCl buffer (pH 7.5) contained 0.5 mM pNP
substrate, 5% (vol/vol) acetonitrile, 1% (vol/vol) Triton X-100, and cell-free lysate or purified enzyme. For
purified enzymes, protein concentrations were measured using the Pierce bicinchoninic acid (BCA)
protein assay kit (Thermo Scientific), with bovine serum albumin as the protein standard. Background
activity was measured in a blank reaction without the addition of lysate. Moreover, control reactions were
performed using lysates of E. coli carrying the empty vector. The sample signals were then corrected by
subtraction of the background and control reaction signals.

Thermostability (residual activity). The thermostability of the six cloned and expressed esterases
was measured using sterile filtered cell-free lysates. The lysates were incubated continuously at 30°C and
50°C for 168 h and 96 h, respectively. Samples were withdrawn upon initiation of the incubation (initial
activity), after 6 h, and every 24 h. Initial and residual activities were measured in triplicate using the pNPB
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assay, as described above. Control reactions using cell-free lysates of E. coli carrying the empty vector
were performed simultaneously, and results were subtracted from the sample signals.

Purification of EstC7 and EstB3. His-tagged esterases EstC7 and EstB3 were purified under non-
denaturing conditions using a 1-ml HisTrap HP column (GE Health Care, USA), according to the
manufacturer’s protocol. After expression, cell pellets were resuspended in 14 ml of 20 mM Tris-HCl
buffer (pH 7.0) containing 0.5 M NaCl and 50 mM imidazole. Cell-free lysates were prepared as described
above. Fractions containing active esterase were eluted with 500 and 750 mM imidazole for EstC7 and
EstB3, respectively. Buffer exchange was performed through dilution and centrifugation using Amicon
Ultra-15 centrifugal filters (10-kDa cutoff; Merck Millipore), using 20 mM Tris-HCl buffer (pH 7.0)
containing 0.5 M NaCl. For the polyesterase activity determination, the purified enzymes were shock-
frozen in liquid nitrogen and lyophilized as described above.

Temperature optima, pH optima, and kinetic characterization of EstC7 and EstB3. Kinetic data
(Km and Vmax) were recorded at 30°C and pH 7.5, using purified enzyme (0.78 to 1,000 �M) and the pNPB
assay described above. Protein concentrations were measured using the Pierce BCA protein assay kit
(Thermo Scientific), with bovine serum albumin as the protein standard. Specific activities are given as
units per milligram of enzyme. Temperature optima were also determined using the pNPB assay, at a pH
of 7.5 and various temperatures (15 to 64°C). For the pH-dependent activity measurements, the more
suitable fluorogenic substrate 4-MUB was employed, since the chromogenic substrate pNPB is more
susceptible to autohydrolysis above pH 9, making measurements at pH values of �9 unfeasible. The
4-MUB assay consisted of 0.5 mM 4-MUB in 0.2 ml of the Britton-Robinson universal buffer system (40
mM acetic acid, 40 mM phosphoric acid, and 40 mM boracic acid, at pH values of 5.0 to 12.0). The reaction
was started by the addition of enzyme. The increase in fluorescence was recorded using a Tecan M200
plate reader, and quantification was performed using a 4-methylumbelliferone standard curve for each
pH value. The signal was corrected for autohydrolysis of the substrate at each pH by subtracting the
background signal (control reaction without enzyme). One unit was defined as the amount of activity
required for the release of 1 �mol of 4-methylumbelliferone per minute.

Polyesterase activity of all six esterases (cell-free lysates) and purified EstB3 and EstC7 with
PBAT (milled and foil). Lyophilized cell-free lysates (0.3 g, from 200-ml cultures) from E. coli
Lemo21(DE3) or E. coli BL21(DE3) containing the expressed esterases or the empty vector (control
reaction) and Tris-HCl buffer were resuspended in 13 ml ddH2O, while lyophilized purified enzymes EstB3
(48.08 kDa) and EstC7 (43.74 kDa) were dissolved in ddH2O to yield an enzyme concentration of 0.6 �M.
The reaction mixtures had a final pH of 7.5 and contained one piece of PBAT foil (0.5 by 1 cm) or 10 mg
milled PBAT in 2 ml of rehydrated cell-free lysate (23.1 g liter�1) or 2 ml of purified enzyme (0.6 �M).
Samples were incubated at 30°C and 150 rpm for 72 h, followed by HPLC analysis. Blank reactions,
without the addition of resuspended cell-free lysates or purified enzymes, and control reactions,
containing resuspended cell-free lysates of E. coli carrying the empty vector, were performed simulta-
neously. The concentrations of hydrolysis products released during control and blank reactions were
subtracted from the concentrations reached in sample reactions in order to exclude the influence of
hydrolytic enzymes from the E. coli host.

HPLC quantification of released hydrolysis products. Hydrolysis reactions were stopped by
methanol precipitation through the addition of 0.5 ml of ice-cooled methanol to 0.5-ml sample, control,
and blank reaction mixtures. The hydrolysis products Ta, Ada, benzoic acid (Ba), BTa, and BTaB were
quantified by means of RP-HPLC using a Dionex system (Dionex, USA), consisting of an UltiMate 3000
pump, an ASI-100 automated sample injector, an UltiMate 3000 column compartment, and a UVD 340U
photodiode array detector, in combination with a XTerra RP18 column (3.5 �m; 3.0 mm by 150 mm) with
a precolumn (Waters Corp., USA). Separation of the hydrolysis products was performed as described
previously (12). Signals from blank and control reactions were subtracted from the sample signals in
order to correct the data for background activity (autohydrolysis). Quantification of hydrolysis products
was performed using calibration curves constructed with authentic standards.

Phylogenetic analysis. Phylogenetic analysis on the basis of amino acid sequence similarities was
performed using sequences from closest hits from BLASTX analysis with the NCBI GenBank protein
database. Multiple sequence alignments were performed using ClustalW software (53), Gonnet protein
weight matrices, and default parameters, with visualization by ESPript 3.0 (54). A neighbor-joining
phylogenetic tree was constructed with MEGA6 software (55), using the number-of-differences method
and a bootstrap of 1,000 replicates. Positions containing gaps and missing data were eliminated, which
yielded a total of 92 positions in the final data set.

Accession number(s). The nucleotide sequences were deposited in the GenBank database under the
following accession numbers: KX533504 for EstB3, KX533505 for EstB11, KX533506 for EstC5, KX533507
for EstC7, KX533508 for EstC9, and KX533509 for EstG4.

SUPPLEMENTAL MATERIAL

Supplemental material for this article may be found at https://doi.org/10.1128/
AEM.02641-16.

TEXT S1, PDF file, 3.1 MB.
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